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Safety, tolerability and viral kinetics during
SARS-CoV-2 human challenge in young adults
Ben Killingley1,16, Alex J. Mann 2,16, Mariya Kalinova2, Alison Boyers2, Niluka Goonawardane3,
Jie Zhou3, Kate Lindsell4, Samanjit S. Hare5, Jonathan Brown 3, Rebecca Frise3, Emma Smith6,
Claire Hopkins7, Nicolas Noulin2, Brandon Löndt2, Tom Wilkinson8, Stephen Harden9,
Helen McShane 10, Mark Baillet11, Anthony Gilbert4, Michael Jacobs12, Christine Charman4,
Priya Mande4, Jonathan S. Nguyen-Van-Tam13, Malcolm G. Semple 14, Robert C. Read 8,
Neil M. Ferguson 15, Peter J. Openshaw 6, Garth Rapeport 6, Wendy S. Barclay 3,
Andrew P. Catchpole2 and Christopher Chiu 3 ✉
Since its emergence in 2019, severe acute respiratory syndrome coronavirus 2 (SARS-CoV-2) has caused hundreds of millions of
cases and continues to circulate globally. To establish a novel SARS-CoV-2 human challenge model that enables controlled investigation of pathogenesis, correlates of protection and efficacy testing of forthcoming interventions, 36 volunteers aged 18–29
years without evidence of previous infection or vaccination were inoculated with 10 TCID50 of a wild-type virus (SARS-CoV-2/
human/GBR/484861/2020) intranasally in an open-label, non-randomized study (ClinicalTrials.gov identifier NCT04865237;
funder, UK Vaccine Taskforce). After inoculation, participants were housed in a high-containment quarantine unit, with 24-hour
close medical monitoring and full access to higher-level clinical care. The study’s primary objective was to identify an inoculum
dose that induced well-tolerated infection in more than 50% of participants, with secondary objectives to assess virus and symptom kinetics during infection. All pre-specified primary and secondary objectives were met. Two participants were excluded
from the per-protocol analysis owing to seroconversion between screening and inoculation, identified post hoc. Eighteen (~53%)
participants became infected, with viral load (VL) rising steeply and peaking at ~5 days after inoculation. Virus was first detected
in the throat but rose to significantly higher levels in the nose, peaking at ~8.87 log10 copies per milliliter (median, 95% confidence interval (8.41, 9.53)). Viable virus was recoverable from the nose up to ~10 days after inoculation, on average. There were
no serious adverse events. Mild-to-moderate symptoms were reported by 16 (89%) infected participants, beginning 2–4 days
after inoculation, whereas two (11%) participants remained asymptomatic (no reportable symptoms). Anosmia or dysosmia
developed more slowly in 15 (83%) participants. No quantitative correlation was noted between VL and symptoms, with high
VLs present even in asymptomatic infection. All infected individuals developed serum spike-specific IgG and neutralizing antibodies. Results from lateral flow tests were strongly associated with viable virus, and modeling showed that twice-weekly rapid
antigen tests could diagnose infection before 70–80% of viable virus had been generated. Thus, with detailed characterization and safety analysis of this first SARS-CoV-2 human challenge study in young adults, viral kinetics over the course of primary infection with SARS-CoV-2 were established, with implications for public health recommendations and strategies to affect
SARS-CoV-2 transmission. Future studies will identify the immune factors associated with protection in those participants who
did not develop infection or symptoms and define the effect of prior immunity and viral variation on clinical outcome.

C

oronavirus disease 2019 (COVID-19) is a complex clinical
syndrome caused by SARS-CoV-2. Despite extensive
research into severe disease of hospitalized patients1 and
many large studies leading to approval of vaccines and antivirals2–4,
the global spread of SARS-CoV-2 continues and is, indeed, accelerating in many regions. Infections are typically mild or asymptomatic

in younger people, but these likely drive community transmission5,
and the detailed time course of infection and infectivity in this
context has not been fully elucidated6,7. Deliberate human infection of low-risk volunteers enables the exact longitudinal measurement of viral kinetics, immunological responses, transmission
dynamics and duration of infectious shedding after a fixed dose of
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a well-characterized virus8–14. Under these tightly controlled conditions, host factors leading to differences in clinical outcome can be
robustly inferred. Although many human infection challenge models have been successfully established during inter-pandemic times,
none has been successfully established during a pandemic15, and
no recent reports of coronavirus (including SARS-CoV-2) human
challenge exist.
Experimental challenge with human pathogens requires careful
ethical scrutiny and regulation but can deliver unparalleled information that may inform clinical policy and refinement of infection
control measures, enabling the rapid evaluation of vaccines, therapeutics and diagnostics. Invaluable information, including unique
assessments of immunity at the time of virus exposure, responses
during the pre-symptomatic period and protective correlates in
individuals who resist symptomatic infection, can be obtained using
small numbers of participants under highly controlled settings,
potentially leading to wider societal benefits that offset the personal
risks undertaken by the volunteers16. Recognizing the potential benefits that might be derived from SARS-CoV-2 human challenge, the
World Health Organization convened working groups early during the COVID-19 pandemic to consider the necessary ethical and
practical frameworks17. The pros and cons of human infection challenge studies have been extensively reviewed elsewhere18, but the key
considerations underlying these studies during an active pandemic
were to balance scientific and public health benefits with ensuring
that any risks to study participants (known and as yet uncertain)
were minimized and managed.
The unique strengths of SARS-CoV-2 human challenge experiments are the ability to standardize the viral inoculum, study conditions and exact timing of exposure, thus controlling for factors that
unavoidably confound natural infection studies. This contrasts with
even the most well-controlled field trials, including household contact studies. There, the viral quasi-species, inoculum dose, timing
and conditions of exposure are unknown, and contacts are identified
only after diagnosis of the index case, at which time secondary exposure has almost always already occurred19, thus missing transmission
as well as the early phase of infection. SARS-CoV-2 human challenge studies, therefore, fill a gap in the understanding of early factors involved in susceptibility to infection that cannot be addressed
in other ways. With continuing infection and re-infection with
SARS-CoV-2, such translational studies that can inform public health
strategy, while accelerating access to improved interventions through
improved mechanistic understanding and early proof-of-concept
efficacy testing, remain a priority that justifies this approach20.
Here we report results from the first volunteers inoculated with
SARS-CoV-2 in a human challenge study, the primary objective of
which was to identify an inoculum dose that induced well-tolerated
infection in more than 50% of participants, with secondary objectives to assess virus and symptom kinetics during infection. Our
findings demonstrate the feasibility of deliberate infection with
SARS-CoV-2, with no evidence of major adverse events in these
carefully selected, healthy, young adult volunteers, and provide
insights into the early dynamics of infection.

Results

Thirty-six healthy volunteers aged 18–29 years were enrolled
according to protocol-defined inclusion and exclusion criteria (see
the Clinical Protocol in Supplementary Information). Screening
included assessments for known risk factors for severe COVID19, including comorbidities; low or high body mass index (BMI);
abnormal blood tests, including full blood count, renal and liver
function, clotting and peripheral blood viral serology; spirometry;
echocardiography; and chest radiography (Fig. 1a and the Clinical
Protocol in Supplementary Information). The protocol was given
a favorable opinion by the UK Health Research Authority Ad Hoc
Specialist Ethics Committee (reference 20/UK/2001 (screening
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protocol dated 2 December 2020) and reference 20/UK/0002 (main
protocol dated 16 February 2021)). Written informed consent was
obtained from all volunteers before screening and study enrollment. The study was overseen by a trial steering committee with
advice from an independent data and safety monitoring board.
The study was discussed with the Medicines and Healthcare products Regulatory Agency (MHRA). Because no medicinal product
was being investigated, the study was deemed not a clinical trial
according to UK regulations; as such, a EudraCT number was not
assigned, and the clinical study was subsequently registered with
ClinicalTrials.gov (identifier NCT04865237). All participants were
seronegative at screening by Quotient MosaiQ antibody microarray test and had no history of SARS-CoV-2 vaccination or infection
However, two inoculated participants were subsequently found to
have seroconverted between screening and inoculation, resulting in
34 individuals in the per-protocol analysis.
As this human challenge model was developed during the
ongoing pandemic, with no directly comparable safety data and
incomplete understanding of long-term effects after COVID-19, an
adaptive protocol was designed with stepwise progression to ensure
maximal risk mitigation during the early stages and progression
only as data on the clinical features of human SARS-CoV-2 challenge were acquired. After extensive screening, participants were
admitted to individual negative pressure rooms in an in-patient
quarantine unit at the Royal Free London NHS Foundation Trust
with 24-hour medical monitoring and access to higher-level clinical support. At admission and before inoculation, volunteers were
screened for coincidental respiratory infection using the BioFire
FilmArray. Initial cohorts comprised three sentinel individuals followed by seven additional participants. As per protocol, these first
ten challenged participants were assigned to receive pre-emptive
remdesivir (100 mg intravenously for 5 days) once two consecutive
12-hourly nose or throat swabs showed quantifiable SARS-CoV-2
detection by polymerase chain reaction (PCR), with the aim of mitigating any unexpected risk of progression to more severe disease.
After review by the data and safety monitoring board and the trial
steering committee, pre-emptive remdesivir was deemed unnecessary, and target recruitment of an additional 30 individuals under
the same conditions but without remdesivir was advised. An additional sentinel cohort of three individuals was then challenged,
with no pre-emptive remdesivir given. This was followed by three
more groups of seven, seven and nine individuals, respectively.
Once pre-emptive remdesivir was no longer used, clinical severity
criteria (that is, persistent fever, persistent tachycardia, persistent
severe cough, greater than mild computed tomography (CT) imaging changes or SaO2 ≤ 94%) were defined for triggering of rescue
treatment with monoclonal antibodies (REGEN-COV, Regeneron),
but no such treatment was ultimately required. Participants were
quarantined for at least 14 days after inoculation and until they met
virological discharge criteria (Methods), with planned follow-up
for 1 year to assess for prolonged symptoms, including smell disturbance and neurological dysfunction.
All participants were inoculated with 10 TCID50 of SARS-CoV-2/
human/GBR/484861/2020 (a D614G-containing pre-alpha wild-type
virus; GenBank accession number OM294022; TCID50 is the median
tissue culture infectious dose) by intranasal drops (Fig. 1b). Eighteen
participants, 53% according to the per-protocol analysis (95% confidence interval (CI) (35, 70)), subsequently developed PCR-confirmed
infection. This infection rate met the protocol-specified primary
endpoint target of 50–70%, and there was, therefore, no further dose
escalation. Demographics between infected participants and those
who remained uninfected were similar (Table 1).
Dynamics of SARS-CoV-2 challenge infection. In the 18 infected
individuals, viral shedding detected by quantitative PCR (qPCR)
(a secondary endpoint) became quantifiable in throat swabs from
Nature Medicine | www.nature.com/naturemedicine
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26,937 individuals
registered their interest online

3,716 were uncontactable
2,232 failed to meet criteria
- 484 were outside age range
- 593 were no longer interested
- 321 were non-UK resident
- 217 had been vaccinated
- 199 had previous COVID-19
- 308 met other exclusions
110 were not invited for other
reasons

6,135 volunteers were called
for telephone pre-screening

148 were excluded at screening
- 45 owing to medical history
- 18 were not available for visits
- 14 were no longer interested
- 11 were seropositive
- 10 were uncontactable
- 8 had been in other studies
- 6 were positive for cotinine
- 6 had high QCOVID score
- 4 owing to drug history
- 4 owing to blood test abnormalities
- 22 met other exclusions
3 withdrew

187 volunteers were assessed
for eligibility

36 inoculated with SARS-CoV-2

2 were excluded owing to post hoc
detection of baseline antibodies

18 developed PCRconfirmed infection

b
Screening

Up to –90

Admission to
quarantine unit

–2

16 remained uninfected

SARS-CoV-2
inoculation

Day 0

Discharge from
quarantine unit

10

5
Chest CT

14

28

Follow-up

Daily respiratory and blood sampling

Fig. 1 | Screening, inoculation, assessments and sampling. Healthy adult volunteers aged 18-29 years were enrolled for SARS-CoV-2 challenge.
a, CONSORT diagram shows inclusions or exclusions and infection outcomes. b, Diagram showing the clinical study design up to day 28 after inoculation.

40 hours (median, 95% CI (40, 52)) (~1.67 days) after inoculation,
significantly earlier than in the nose (P = 0.0225, where initial viral
quantifiable detection occurred at 58 hours (95% CI (40, 76)))
(~2.4 days) after inoculation (Fig. 2a,b). This was initially closely
paralleled by viable virus measured by focus-forming assay (FFA),
which was also quantifiably detected earlier in the throat than in
the nose (P = 0.0058; Fig. 2b). VLs increased rapidly thereafter,
with qPCR peaking in the throat at 112 hours (95% CI (76, 160))
(~4.7 days) after inoculation and later at 148 hours (95% CI (112,
184)) (~6.2 days) after inoculation in the nose (Fig. 2a,c). However,
at its peak, VL was significantly higher in nasal samples at 8.87 (95%
CI (8.41, 9.53)) log10 copies per milliliter and 3.9 (95% CI (3.34,
4.42)) log10 focus-forming units (FFU) per milliliter (FFU ml−1)
than in the throat at 7.65 (95% CI (7.39, 8.24)) log10 copies per
Nature Medicine | www.nature.com/naturemedicine

millilter and 2.92 (95% CI (2.68, 3.56)) log10 FFU ml−1 (P < 0.0001
for qRT–PCR and P = 0.0024 for FFA) (Fig. 2d).
In both nose and throat, viral detection continued at high levels
for several days, and high cumulative VLs by area under the curve
(AUC) were, therefore, seen, particularly in the nose (median 9.03,
95% CI (8.65, 9.43) copies per milliliter by qPCR)(Fig. 2e). In all
infected participants, quantifiable virus by qPCR was still present at
day 14 after inoculation, which necessitated prolonged quarantine
of up to five extra days until qPCR cycle threshold (Ct) values had
fallen to less than 33.5 in two consecutive nasal and throat swabs
(as per-protocol-defined discharge criteria). At these later time
points, VLs by qRT–PCR were more erratic, with low level qPCR
positivity remaining in 15 of 18 (83%) participants at discharge.
At day 28 after inoculation, six of 18 (33%) participants remained
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Table 1 | Participant baseline physical and demographic characteristics, selected clinical features and adverse events
Group (serostatus at inoculation)a

Total

Infected
(sero-negative)

Uninfected
(sero-negative)

Uninfected
(sero-positive)

(n = 36)

(n = 18)

(n = 16)

(n = 2)

Mean (s.d.)

21.8 (2.9)

22.2 (2.9)

20.8 (2.2)

26.5 (3.5)

Min, Max

18, 29

18, 27

18, 25

25, 29

Male

26 (72)

12 (67)

14 (88)

0

Female

10 (28)

6 (33)

2 (12)

2 (100)

White or Caucasian

33 (92)

17 (94)

14 (88)

2 (100)

Mixed ethnicity

3 (8)

1 (6) White/Latino

2 (12) 2× White/Asian

0

23.2 (19.6–29.7, 2.6)

22.8 (19.9–26.4, 2.2)

23.4 (19.6–29.7, 3.0)

25.2 (23.3–27.1, 2.7)

22 (61)

17 (94)

5 (31)

0

7 (39)

0

0

5 (28)

0

0

Neutralizing antibody titer (median)

863.5 (IQR 403)

Undetectableb

167.5

Spike-specific IgG titer (ELU ml , median)

1,549 (IQR 1,865)

Undetectableb

178

0

0

0

Characteristic
Age (years)

Gender, n (%)

Race, n (%)

BMI (kg m−2)
Mean (range, s.d.)
Symptoms
Report of any symptoms on two consecutive days,
n (%)
Fever
>37.8 °C, n (%)
C-reactive protein
C-reactive protein > 5 mg l−1, n (%)
Antibody titers at 28 days after inoculation
−1

Adverse events
Any serious adverse event

Clinically significant adverse events thought to be associated with viral infection that occurred or worsened during the observation period
Smell disturbance
During quarantine

15

Day 28

12

c

0

0

1

1e

d

Day 90

4

0

0

Day 180

5

0

0

Low white cell count (<2.0 × 109 per l)

1

0

0

Low lymphocytes (<0.75 × 109 per l)

9

0

0

Low neutrophils (<1.0 × 109 per l)

3

0

0

Low neutrophils (<0.5 × 10 per l)

1

0

0

Epididymal discomfort

1

0

0

9

a
Serostatus was based on prospective (MosaiQ) and planned retrospective analysis (neutralizing and S-protein-binding antibodies) of samples before inoculation with challenge virus. bOne participant
was naturally infected with SARS-CoV-2 between discharge from quarantine and day 28 after inoculation, so this participant was excluded. Their neutralizing antibody titer at day 28 was 472, and their
spike-specific IgG was 536.6. cIncludes one participant who had not previously had smell disturbance. Participant reported a runny nose that disturbed smell at day 28, which quickly resolved (no significant
change in UPSIT recorded). dParticipant reported partial smell loss having had ‘natural’ COVID between discharge from quarantine and day 28 follow-up (no significant change in UPSIT recorded).
e
Participant reported smell disturbance only after performing the UPSIT; the score was not significantly different than baseline.

qPCR positive in the nose and two of 18 (11%) in the throat, but,
by day 90, all participants were qPCR negative. Of the participants
not meeting infection criteria and deemed uninfected, low-level
non-consecutive viral detections were observed only by qPCR in
the nose of three participants and in the throat of six participants
(Extended Data Fig. 1a,b).
In contrast, viable virus was detectable by FFA for a more limited
duration: 156 hours (median, 95% CI (120, 192)) (6.5 days) in the
nose and in the throat for 150 hours (95% CI (132, 180)) (6.25 days)
(Fig. 2f). The average time after inoculation to clearance of viable

virus was 244 hours (95% CI (208, 256)) or 10.2 days from the
nose and 208 hours (95% CI (172, 244)) or 8.7 days from the throat
(Fig. 2g). VLs by qPCR and FFA were significantly correlated in
both nose and throat (Extended Data Fig. 2). Although there was
a striking degree of concordance between the shape and magnitude
of individuals’ VL curves (Fig. 2a) and between VLs in the nose and
throat (Fig. 2i), greater inter-individual variability was observed in
timing of VL between nose and throat. Despite relatively high levels
of late qPCR detection, the latest that viable virus could be detected
was day 12 after inoculation in the nose of one participant and day
Nature Medicine | www.nature.com/naturemedicine
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4.0
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3.0
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Fig. 2 | Viral shedding after a short incubation period peaks rapidly after human SARS-CoV-2 challenge. Healthy adult volunteers were challenged
intranasally with SARS-CoV-2. In the infected individuals (n = 18 biologically independent participants), VL in twice-daily nose and throat swab
samples was measured by qPCR (blue) and FFA (red) (a). Results are expressed as mean ± s.e.m. Dotted lines represent the LLOQ. Median time
to first quantifiable virus (*P = 0.0195 and **P = 0.0058) (b) and peak VLs (*P = 0.0214 and **P = 0.0053) (c) are shown in red. Peak (****P < 0.0001
and **P = 0.0023) (d) and cumulative (AUC, ****P < 0.0001 and ***P = 0.0007) (e) VLs by qPCR and FFA in the nose and throat are compared.
f, Total duration of viral detection by FFA in nose and throat are shown. Medians are shown in red. g, Median time to the last viral detection by FFA after
inoculation is shown in red (*P = 0.0112). h, Median time to the first undetectable VL by qPCR in the individuals who became undetectable while in
quarantine is shown in red. Two-sided Wilcoxon matched-pairs signed-rank tests are used to test significance. i, AUC VL by qPCR and FFA are correlated
in nose versus throat. Spearman’s r and P values are shown. *P < 0.05, **P < 0.01, ***P < 0.0001 and ****P < 0.0001.

11 in the throat of two participants (Fig. 2g). In contrast, swabs by
qPCR that became undetectable in quarantine during the resolution
phase first occurred at 352 hours (95% CI (340, 364)) (~14.6 days)
in the nose and 340 hours (95% CI (304, 352)) (~14.7 days) in the
throat, although some later continued to fluctuate around the limits
of quantification and detection (Fig. 2h).
Of the first ten participants prospectively assigned to receive
pre-emptive remdesivir on PCR-confirmed infection, six became
infected. No apparent differences were seen in VL by qPCR
(Extended Data Fig. 3a) or FFA (Extended Data Fig. 3b) between
remdesivir-treated and untreated infected participants, and
Nature Medicine | www.nature.com/naturemedicine

cumulative virus (AUC) was similar (Extended Data Fig. 3c).
Although there was an apparent trend toward lower mean nasal
VL during the treatment period and delayed VL peak in the six
remdesivir-treated participants (Extended Data Fig. 3d), this was
not observed in the throat, was primarily driven by one participant (Extended Data Fig. 4), and was not statistically significant.
With no significant differences between remdesivir-treated and
untreated participants, infected participants were, therefore, analyzed together.
Thus, after SARS-CoV-2 human challenge, viral shedding begins
within 2 days of exposure, rapidly reaching high levels with viable
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Fig. 3 | Neutralizing antibodies are generated more rapidly than anti-spike protein IgG after human SARS-CoV-2 challenge. Serum was collected before
inoculation and at days 14 and 28 after inoculation with SARS-CoV-2. a, Serum neutralizing antibodies were measured by microneutralization assay in
participants who became infected (n = 18 biologically independent participants) and those who remained uninfected (n = 18 biologically independent
participants). b, Serum SARS-CoV-2 anti-spike IgG was measured by ELISA and expressed as ELU ml−1. Individual data points and median (red) are shown.
The LLOD of each assay is shown by the dotted line. Undetectable samples were assigned a value of half the LLOD.

virus detectable up to 12 days after inoculation and significantly
higher VL in the nose than the throat despite its later onset.
Detection of serum neutralizing antibodies. The rapid onset of
infection was reflected in serum antibody responses, analyzed as
exploratory endpoints. No increase in serum antibodies by microneutralization or anti-spike protein IgG enzyme-linked immunosorbent assay (ELISA) was observed in those deemed uninfected,
even where isolated viral detections had occurred, except for one
participant who acquired natural COVID-19 after discharge from
quarantine and seroconverted between days 14 and 28 after inoculation (Fig. 3a,b). In contrast, serum antibodies were generated in
all infected participants with neutralizing antibody titers of 425
(median, interquartile range (IQR) 269) at 14 days after inoculation
and a further rise to 863.5 (IQR 403) at 28 days (Fig. 3a). A slower
rise was seen in spike-protein-binding IgG measured by ELISA,
with a median increase to 192.5 (IQR 393.1) ELISA laboratory units
(ELU) per milliliter (ELU ml−1) at day 14, followed by an increment
by day 28 to 1,549 (IQR 1,865) ELU ml−1 (Fig. 3b). Of note, in the
two participants who seroconverted between screening and inoculation, both neutralizing and S-protein-binding antibodies were
detectable at admission to the quarantine unit on day −2 before
inoculation. Both participants were excluded from the per-protocol
infection rate analysis but remained uninfected, with no change in
their serum antibody levels after inoculation.
Symptoms and safety analysis. After infection, as part of the
secondary endpoint analyses, symptoms by self-reported diary
(Supplementary Table 1) became apparent from 2–4 days after inoculation (Fig. 4a) when symptoms started diverging from challenged
but uninfected participants, who reported both fewer and milder

symptoms with no consistent pattern (Fig. 4a and Extended Data
Fig. 1c). Symptom scores exhibited greater variability than VLs,
with inconsistent onset and peak cumulative daily scores ranging
from 0 to 29 (Extended Data Figs. 4 and 5). Symptoms were most
frequent in the upper respiratory tract and included nasal stuffiness,
rhinitis, sneezing and sore throat (Fig. 4b,c and Extended Data Figs. 4
and 5). Systemic symptoms of headache, muscle/joint aches, malaise and feverishness were also recorded. There was no difference
in symptoms between remdesivir-treated and untreated participants (Extended Data Fig. 6). All symptoms were mild to moderate
(Extended Data Figs. 7 and 8), with peak symptoms (at 112 hours
after inoculation (95% CI (88, 208))) aligning closely with peak VL
in the nose, which was significantly later than peak VL in the throat
by FFA (88 hours, 95% CI (76, 112), P = 0.0114) (Fig. 4d). However,
despite the temporal association between nasal VL and symptoms,
there was no correlation between the amount of viral shedding by
qPCR or FFA and symptom score AUC (Fig. 4e,f).
Seven participants (39% of those infected) had temperatures
of >37.8 °C. Otherwise, there were no notable disturbances in any
clinical assessments used to partly determine the primary endpoint, including daily spirometry and thoracic CT scans. No serious
adverse events were reported, and no criteria for commencing rescue therapy were met. A total of 18 adverse events deemed probably
or possibly related to virus infection were largely due to transient
and non-clinically significant leukopenia and neutropenia and mild
muco-cutaneous abnormalities during the quarantine period (Table 1
and Supplementary Table 2).
Smell disturbance after SARS-CoV-2 challenge infection. To
assess the degree and kinetics of smell disturbance, University of
Pennsylvania smell identification tests (UPSITs) were conducted.
Nature Medicine | www.nature.com/naturemedicine
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No smell disturbance was observed during quarantine in uninfected participants (Extended Data Fig. 1d). However, 15 infected
participants (83%) reported some degree of smell disturbance (14 of
which were detected by UPSIT). Although other symptoms peaked
with nasal VLs, the nadir of UPSIT scores was 6–7 days later (Fig. 4a
Nature Medicine | www.nature.com/naturemedicine

and Extended Data Figs. 4 and 5). Complete smell loss (anosmia)
occurred in nine participants (50%), but most improved noticeably
before day 28. At day 28, partial smell disturbance was still reported
by 11 participants (61%), but, by day 180, this number had fallen
to five. Of these, only one participant still had any measurable
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smell impairment, although this was steadily improving both subjectively and objectively (UPSIT at baseline = 31, at day 11 = 9, at
day 28 = 11, at day 90 = 17 and at day 180 = 23; UPSIT maximum
score = 40; significant drop > 4). Two of the remaining participants
reported mild parosmia, and two had mild subjective reduction in
smell (although UPSIT scores had normalized). Six participants
(including all five who had prolonged smell disturbance) received
smell training advice, including two who also received treatment
with short courses of oral and intranasal steroids.
Anosmia is, therefore, a common feature of human SARS-CoV-2
challenge that generally emerges several days later than viral shedding and resolves within 28 days in most individuals. Together, these
findings suggest that human challenge infection with wild-type
SARS-CoV-2 at this inoculum dose has low risk of causing severe
symptoms in healthy young adults but leads to large amounts
of nasopharyngeal virus even in the absence of respiratory or
systemic disease.
Accuracy of rapid antigen testing by lateral flow assay. Lateral
flow assay (LFA) rapid antigen tests are commonly used to identify
potentially infectious people in the community, but their usefulness
in early infection is unknown. To test the performance of LFA over
the entire course of infection, antigen testing was performed using
the same morning nose and throat swab samples assessed for VL.
None of the uninfected participants had a positive LFA test at any
time, whereas all infected participants had positive LFA for ≥2 days
(Supplementary Fig. 1). Despite earlier viral detection in the throat
by other methods, median time to first detection by daily LFA tests
was the same in nose and throat at 4 days (range, 2–8 days) after
inoculation (Fig. 5a). This was, on average, 24–48 hours after first
qPCR positivity (Fig. 5b) and within 24 hours of FFA (Fig. 5c).
Of note, in nine of 18 infected participants, viable virus became
detectable by FFA one or more days before the first positive LFA.
Toward the end of infection, the last LFA detection mainly occurred
24–72 hours after viable virus detection had ceased.
To assess the relationship between VL and probability of a positive LFA, logistic regression models were fitted using generalized
estimating equations to control for repeated within-participant
assessments. log10 VL was a significant predictor (P < 2 × 10−5) of
LFA positivity with an odds ratio of 5.01 (95% CI (2.93, 8.57))
when predicting LFA from FFA in nose (Fig. 5e). Area under the
receiver operating characteristic curves (AUROCs) were high at
0.96 for nasal qPCR and 0.89 for throat qPCR (Extended Data
Fig. 9a) but lower for FFA, particularly in the throat (AUC 0.69).
To test longitudinal performance as infection progressed, the sensitivity and specificity of LFA when compared with qPCR and
FFA were calculated for each day after exposure (Fig. 5f). With
both tests and anatomical sites, sensitivity of LFA was limited at
the beginning and end of acute illness. However, from ~4 days
after inoculation, LFA demonstrated high sensitivity as a surrogate for qPCR or FFA positivity. Overall, LFA was highly specific,
although some ‘false positives’ were observed in relation to FFA
(but not qPCR).
Where asymptomatic or pre-symptomatic LFA testing programs
exist, testing is usually recommended twice weekly. To model the
differential effect of LFA testing frequency that incorporate viral
dynamics throughout infection, the mean proportion of VL AUC
that had yet to occur (and might be responsible for transmission
if undiagnosed) by the time of a first positive LFA test with testing cadences of 1–7 days was modeled. For both FFA (Fig. 5g) and
qPCR (Extended Data Fig. 9b), infection would be recognized at
or before more than 90% of the VL AUC had occurred if testing
were daily. As the period between tests increased, the proportion of
VL AUC declined, with twice-weekly testing capturing 70–80% of
virus and weekly testing still exceeding 50% if nose and throat swabs
were combined. Thus, LFA positivity is strongly associated with
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culturable virus and, therefore, contagiousness and may be effective
as a trigger for interventions to interrupt transmission.

Discussion

Here we report the virological and clinical results from the first
SARS-CoV-2 human challenge study. With a low inoculum dose of
10 TCID50, robust viral replication was observed in 53% of seronegative participants. After an incubation period of less than 2 days,
VLs rose rapidly, peaking at high levels with infectious virus production for over 1 week. Symptoms were present in 89% of infected
individuals but, despite high VLs, were consistently mild to moderate, transient and predominantly confined to the upper respiratory
tract. Anosmia/dysosmia was common, occurred later than other
symptoms and resolved without treatment in most participants
within 90 days. In those with residual smell disturbance, their sense
of smell steadily improved during the follow-up period, consistent
with the good long-term prognosis seen in community cases21.
There was no evidence of pulmonary disease in infected participants based on clinical and radiological assessments.
The natural infectious dose of SARS-CoV-2 is unknown, but,
based on in vitro and preclinical models, the virus is understood
to be highly infectious22–24 and well-adapted to rapid and high-titer
replication in human respiratory mucosa25. Early in the pandemic,
a World Health Organization Advisory Group published expert
consensus guidelines recommending a starting dose of 102 TCID50
(ref. 17). Here, based on in vitro data of high viral replication in
primary human airway epithelial cells and Syrian hamster data26,
we started with a ten-fold-lower dose of 10 TCID50 (equivalent to
55 FFU) and found it sufficient to meet the 50–70% target infection rate. With prospective household contact studies having similarly shown high secondary attack rates of ~38%19, this suggests
that the model can recapitulate higher exposure than naturally
acquired infection events. In contrast, experimental infections of
non-human primates have used 1,000–10,000 times more virus,
with intra-tracheal or combined upper/lower airway administration, which results in markedly different kinetics to those observed
during human infection27,28. In human challenge studies with other
respiratory viruses, such as influenza viruses and respiratory syncytial virus, inoculum doses are typically also much higher at 104–106
TCID50 because all volunteers have been exposed multiple times
throughout life to those viruses, with pre-existing immunity reducing susceptibility and resulting in substantially lower peak viral
loads at 103–104 copies per milliliter by PCR8,9. Thus, animal models
and human data from other viral infections were of limited helpfulness in estimating the optimal SARS-CoV-2 inoculum dose.
Although some studies have measured the response to
SARS-CoV-2 infection longitudinally in humans29–31, none can
capture host features at the time of virus exposure, the early events
before symptom onset or the detailed course of infection that can be
shown by experimental challenge. Although the incubation period
from the estimated time of natural exposure to perceived symptom
onset has previously been estimated as ~5 days32,33, this best aligns
with peak symptoms and is longer than the true incubation period.
With close questioning, symptoms were found to be associated with
viral shedding within 2–4 days of inoculation but did not peak until
days 4–5. Thus, virus was first detected (first in the throat, then
the nose) ~2 days before peak symptoms and increased steeply to
achieve a sustained peak, in many cases before peak symptoms were
reached, consistent with modeling data indicating that up to 44%
of transmissions occur before symptoms are noted6. Anosmia was
a later symptom, potentially explained by the proposed mechanism
whereby only ACE2-expressing and TMPRSS2-expressing supporting cells, rather than neurons themselves, are directly infected, leading to delayed secondary olfactory dysfunction34.
Pre-emptive remdesivir was administered to the first six infected
participants as risk mitigation during early model development, as
Nature Medicine | www.nature.com/naturemedicine
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trial data had suggested efficacy in shortening time to recovery in
hospitalized patients35. However, no statistically significant effect
on VL or symptoms was detectable in this small cohort. Field data
have shown mixed results for the effectiveness of remdesivir in the
hospitalized patient setting36 but reduction in progression to severe
disease in those with risk factors when given early in the course of
infection37. This study was not designed nor powered to assess the
efficacy of early treatment with remdesivir and especially its effect
on severe disease, but such prospective human challenge studies are
well-placed to answer the question of antiviral efficacy, with treatment commenced at different times relative to virus exposure.
Nature Medicine | www.nature.com/naturemedicine

A key unresolved question for public health has been whether
transmission is less likely to occur during asymptomatic/mild infection compared to more severe disease. Some studies have shown a
correlation between disease severity and extent of viral shedding38,39,
but others have not40. Overall, peak VLs reported in natural infection
(~105–108 copies per milliliter) are lower than those observed in this
study6,41–44. However, these are invariably sampled at the time of case
ascertainment, and, where longitudinal samples have been taken,
these indicate that patients are already in the downward phase of the
VL curve31. It is, therefore, likely that most samples miss the peak
of viral shedding. With virus present at significantly higher titers
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in the nose than the throat, these data provide clear evidence that
emphasizes the critical importance of wearing face coverings over
the nose as well as the mouth. Furthermore, our data clearly show
that SARS-CoV-2 viral shedding occurs at high levels irrespective
of symptom severity, thus explaining the high transmissibility of
this infection and emphasizing that symptom severity cannot be
considered a surrogate for transmission risk in this disease. This
remains relevant with the widespread transmission of the Delta and
Omicron variants, where antigenic divergence along with waning
vaccine-induced immunity lead to VL during breakthrough infection at similarly high levels to those in seronegative individuals19,45.
An important limitation of this study, in keeping with
first-in-human studies generally, was the small sample size that limits our ability to detect rare events or more subtle differences associated with SARS-CoV-2 infection. Further studies may be needed
with larger numbers of participants for sufficient power to identify
biomarkers that have less marked differential expression and/or
are more inconsistent than VL and symptoms. However, although
globally there are groups that remain naive to SARS-CoV-2 vaccination and infection, it is unlikely that a larger study in seronegative volunteers will be achievable going forward, and this study may,
therefore, remain the only one of its kind. This likely will necessitate the further development of the model using variants of concern that have been shown to cause breakthrough infection despite
vaccine-induced immunity (such as Delta and Omicron) to permit
efficacy testing of novel interventions in that context and further
understanding of correlates of protection.
Despite the relatively small sample size, limited variation in the
kinetics and magnitude of VLs between infected study participants
and longitudinal analysis permits several conclusions of public health
importance. Detailed viral kinetics show that some individuals still
shed culturable virus at 12 days after inoculation (that is, up to 10 days
after symptom onset), and, on average, viable virus was still detectable 10 days after inoculation (up to 8 days after symptom onset).
These data, therefore, support the isolation periods of 10 days after
symptom onset advocated in many guidelines to minimize onward
transmission46. High levels of asymptomatic/pauci-symptomatic VL
also highlight the potential positive effect of routine asymptomatic
testing programs that attempt to diagnose infection in the community so that infection control measures, such as self-isolation,
can be implemented to interrupt transmission. In several jurisdictions, these rely on rapid antigen tests, with recent re-analysis of
cross-sectional LFA validation data having suggested that sensitivity for infectious virus may be higher than previously estimated at
~80%47. In this study, longitudinal LFA data after SARS-CoV-2 challenge also strongly predicted culturable virus aside from the very
earliest time points where sensitivity was lower. In addition, LFA
was highly reliable in predicting the disappearance of viable virus
and, therefore, also can underpin ‘test to release’ strategies, which
are increasingly being used to shorten the period of self-isolation.
Although positive LFA results were occasionally seen with negative
FFA results (causing a reduction in specificity in relation to the viable virus assay), there were no false positives when comparing LFA
to qPCR, which may imply the relatively lower sensitivity of viral
culture rather than false positivity of LFA. Although some uncertainty remains in directly extrapolating these data to the community where self-swabbing and more concentrated samples may alter
sensitivity, these results support their continued use for identifying
those most likely to be infectious. Our modeling also suggests that
this strategy remains effective even if imperfectly implemented, with
routine testing as few as every 7 days able to interrupt more than half
the virus still to be shed by an individual, if acted upon.
Although these first-in-human data do not preclude rare adverse
events that can be detected only in larger-scale studies, our results
indicate that symptoms of human challenge with SARS-CoV-2 in
healthy young adults are consistent with those in natural infection.
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In this cohort, we observed no severe consequences, which may
support further development and expansion of this approach. This
first report focuses on safety, tolerability and virological responses,
but the uniquely controlled nature of the model will also enable
robust identification of host factors present at the time of inoculation and associated with protection in those participants who
resisted infection. Analysis of local and systemic immune markers
(including potentially cross-reactive antibodies, T cells and soluble
mediators) from this SARS-CoV-2 human challenge study that
may explain these differences in susceptibility is, therefore, ongoing. In addition, with the feasibility of this approach having been
demonstrated using a prototypic wild-type strain, further challenge
studies are now underway in which previously infected and vaccinated volunteers will be challenged with escalating inoculum doses
(ClinicalTrials.gov identifier NCT04864548) and/or viral variants
to investigate the interplay between virus and host factors that influence clinical outcome. Together, these studies will, thus, optimize
the platform for potential use in the rapid evaluation of vaccines,
antivirals and diagnostics by generating efficacy data early during
clinical development and avoiding the uncertainties of studies that
require ongoing community transmission.
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Methods

Ethics statement. This study was conducted in accordance with the protocol; the
consensus ethical principles derived from international guidelines, including the
Declaration of Helsinki and Council for International Organizations of Medical
Sciences International Ethical Guidelines; applicable ICH Good Clinical Practice
guidelines; and applicable laws and regulations. The screening protocol and main
study were approved by the UK Health Research Authority’s Ad Hoc Specialist
Ethics Committee (references 20/UK/2001 and 20/UK/0002). Written informed
consent was obtained from all volunteers before screening and study enrollment.
Participants were given a donation of up to £4,565 to compensate for the time and
inconvenience of taking part in the study (including at least a 17-day quarantine).
This was calculated using the National Institute for Health Research (NIHR)
formula and the UK national living wage. The study was overseen by a medical
oversight committee (trial steering committee) with advice from an independent
data and safety monitoring board, which assessed the study data. Discussion was
had with the MHRA to determine whether the study was to be deemed a clinical
trial of an investigational medicinal product. Because no medicinal product was
being investigated, the study was deemed not a clinical trial; as such, a EudraCT
number was not assigned, and the clinical study was registered with ClinicalTrials.
gov (identifier NCT04865237). The study was delayed by these discussions and the
ClinicalTrials.gov registration and, therefore, went live after the first participants
were enrolled.
Public consultation and involvement. Building on earlier work in the UK48,
broad consultation was undertaken to explore public understanding of the
concept of a human challenge study in general and the acceptability of a human
challenge study with SARS-CoV-2 taking place in the UK49. This involved a
cross-sectional survey (2,441 participants) and a series of focus groups (57
participants in nine groups). A group of public advisors provided input into study
design and materials. The opinions and concerns gathered were used to inform
study design and document preparation.
Study design. Healthy adults aged 18–30 years with no evidence of previous
SARS-CoV-2 infection or vaccination were recruited to this single-center, phase
1, open-label, first-in-human study. The first date of participant enrollment was
6 March 2021; the last date was 8 July 2021. Volunteers were excluded if positive
for anti-SARS-CoV-2 S protein antibodies using the MosaiQ COVID-19 antibody
microarray (Quotient) and on the basis of risk factors assessed by clinical history,
physical examination and screening assessments. The QCOVID tool50 was used
to provide a personalized estimated absolute risk of hospitalization and death,
with those above a pre-defined risk threshold (equivalent to that for a 30-year-old
individual with no risk factors, calculated as a 1:250,000 risk of death or 1:4,902
risk of hospitalization) excluded. Echocardiography and chest X-ray were
performed before inoculation. See protocol for full inclusion and exclusion criteria.
Additionally, per-protocol analysis was performed after exclusion of participants
who fulfilled enrollment criteria at screening but were later found to have
neutralizing and spike-binding antibodies on admission to the quarantine unit.
The primary objective was to identify a dose of wild-type SARS-CoV-2
in healthy volunteers with an acceptable safety profile that induced
laboratory-confirmed infection in ≥50% of participants, suitable for future human
challenge studies. Laboratory-confirmed infection was defined as quantifiable
RT–PCR detection greater than the lower limit of quantification (LLOQ) from
mid-turbinate and/or throat swabs on two or more consecutive 12-hourly time
points, starting from 24 hours after inoculation and up to discharge from quarantine.
Secondary objectives and exploratory endpoints are listed in the protocol.
The study was conducted in a high-containment clinical trials unit at
the Royal Free London NHS Foundation Trust. Participants were housed in
single-occupancy, negative pressure side rooms. Participants were inoculated
intranasally by pipette with 10 TCID50 of wild-type SARS-CoV-2 (100 µl per
naris) between both nostrils, with an initial sentinel group (n = 3) followed by
the remaining individuals in the cohort. Participants remained supine (face
and torso facing up) for 10 minutes, followed by 20 minutes in a sitting position
wearing a nose clip after inoculation to ensure maximum contact time with
the nasal and pharyngeal mucosa. Mid-turbinate nose and throat samples were
collected twice daily using flocked swabs, placed in 3 ml of viral transport medium
(BSV-VTM-001, Bio-Serv) that was aliquoted and stored at −80 °C. For the first ten
challenged participants, pre-emptive intravenous remdesivir (100 mg intravenously
for 5 days; Gilead) was initiated after two consecutive quantifiable viral detections
and administered twice daily for 5 days to infected participants only. Participants
remained in quarantine for a minimum of 14 days after inoculation until the
following discharge criteria were met: two consecutive daily nose and or throat
swabs with no viral detection or a qPCR Ct value >33.5 and no viable virus
by overnight incubation viral culture with detection by immunofluorescence.
Participants will be followed for 1 year after inoculation and for data collected after
the day 28 data lock. The analyses are exploratory.
Clinical assessments. Safety was assessed with daily blood tests, spirometry,
electrocardiograms, clinical assessments (vital signs, symptom diaries and clinical
examination) and CT scan of chest on day 5 (in all participants) and day 10
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(in infected participants only). Self-completed symptom diaries were completed
three times daily from the day before inoculation to day 14 after inoculation. A
total of 19 symptoms covering upper respiratory, lower respiratory and systemic
symptoms were scored on a scale of 0–3 (that is, absence of symptoms, mild,
moderate and severe, respectively). Blood and respiratory samples were obtained
before infection and at time points indicated in the text. Smell was monitored using
the UPSIT, a well-validated and reliable (test–retest r = 0.94) test that employs
microencapsulated ‘scratch and sniff ’ odorants provided as booklets containing a
series of cards that the participants scratch51. The total number of odorant stimuli
out of 40 that is correctly identified serves as the test measure. A fall in score of
more than 4 was considered significant.
Challenge virus. The SARS-CoV-2 challenge virus (full formal name:
SARS-CoV-2/human/GBR/484861/2020) was obtained with consent from a
nose/throat swab taken from a patient in the UK with COVID-19, facilitated by
the International Severe Acute Respiratory and Emerging Infection Consortium
(ISARIC) Coronavirus Clinical Characterisation Consortium (ISARIC4C)52 using
their study protocol (study registry ISRCTN66726260) approved by the South
Central–Oxford C Research Ethics Committee in England (reference 13/SC/0149)
and the Scotland A Research Ethics Committee (reference 20/SS/0028).
The virus was isolated by inoculation of a qualified cGMP Vero cell line
with the clinical sample. Sequence analysis showed this to be from the 20A clade
of the B.1 lineage and possessed the D614G mutation. A seed virus stock was
then generated by a further passage on the same cGMP Vero cell line. The seed
virus stock was then used to manufacture the challenge virus in accordance with
cGMP at the Zayed Centre for Research GMP manufacturing facility of Great
Ormond Street Hospital, and a challenge virus master virus bank (MVB) was
produced. Individual dose inoculum vials were then produced in accordance
with cGMP by dilution of the cGMP MVB with sucrose diluent. The challenge
virus underwent quality testing performed as part of the GMP manufacturing
release processes according to pre-determined specifications (including identity,
infectivity and contaminant/adventitious agent tests). This included whole-genome
sequencing for confirmation that the GMP virus was unaltered compared to the
original clinical isolate. The sequence of the challenge virus has been deposited
in GenBank (accession number OM294022). In the UK, because they are not
medicinal products, challenge viruses are not regulated by the MHRA. However,
the challenge virus was manufactured according to GMP, and the supporting
paperwork was reviewed by the MHRA, which confirmed that the manufacture
was suitable for the challenge agent to be used in future efficacy studies of
investigational medicinal products. Therefore, in future clinical trials of an
investigational medicinal product, the challenge virus will be reviewed as part of
the clinical trial application to the MHRA. The challenge virus was stored in a
secure –80 °C freezer (normal temperature range, −60 °C to −90 °C) until use. The
SARS-CoV-2 inoculum dose (101 TCID50) was selected as the lowest infectious
dose that could be reliably quantified by viral culture.
Virology. Longitudinal measures of pharyngeal and nasal viral kinetics were
measured using two independent assays: (1) qRT–PCR with N gene primers/
probes adapted from the Centers for Disease Control and Prevention (CDC)
protocol53 (updated 29 May 2020) and (2) quantitative culture by FFA.
• RT–PCR
Aliquots of the clinical samples were processed for PCR analysis by the
addition of Qiagen’s ATL lysis buffer to the sample to lyse the virus before
subsequent RNA extraction, PCR and reaction setup using Qiagen’s QIAsymphony
RNA extraction (SP) and assay setup (AS) modules. Each sample was spiked with
an internal control RNA before PCR amplification in triplicate in a multiplex PCR
assay run on Applied Biosystems’ ViiA7 PCR machines.
The SARS-CoV-2 primer and probe sequences were derived from the CDC
protocol (see below).
•
•
•

Forward primer 5′–3′: GACCCCAAAATCAGCGAAAT
Reverse primer 5′–3′: TCTGGTTACTGCCAGTTGAATCTG
Probe 5′–3′: ACCCCGCAT/ZEN/TACGTTTGGTGGACC (labeled with
FAM, ZAN and 31ABkFQ)

Ct values were converted to copies per milliliter by comparison with a standard
curve run concurrently within the assay. The standard curve was generated from
in vitro transcribed RNA from linearized plasmid of known concentrations
containing sequences of the SARS-CoV-2 virus nucleocapsid and spike.
• Quantitative culture
Quantitative virus infectivity was assessed using FFAs. Samples were assayed
in triplicate inoculating Vero cells seeded the day prior at 3 × 104 cells per well
in a 96-well plate format. Serial dilutions of the test samples were inoculated
onto cells and incubated at 37 °C and 5% CO2 for 1 hour before the addition of
methylcellulose overlay and further incubation for 1 day. Cells were fixed and
stained using standard neutral buffered formalin (10%) and Triton X-100 (0.1%).
The presence of SARS-CoV-2-infected cells was determined after the addition
of primary antibody of anti-SARS-CoV-2 (Invitrogen), followed by secondary
antibody of goat anti-mouse IgG conjugated with HPR antibody (Abcam) and use
of TrueBlue peroxidase substrate. Foci were read using Autoimmun Diagnostika
Nature Medicine | www.nature.com/naturemedicine
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V-Spot image analyzer, with virus titer determined by calculating the average spot
number and subtraction of background spot count from the negative control wells.
Serum antibody assays. Serum samples were analyzed at Nexelis to determine
SARS-CoV-2 anti-spike IgG concentrations by ELISA (reported as ELU ml−1).
Neutralizing antibody titers for live SARS-CoV-2 virus (lineage Victoria/01/2020)
were determined by microneutralization assay at the UK Health Security
Agency and reported as the 50% neutralizing antibody titer (NT50). For the
microneutralization assay, lower limit of detection (LLOD) was 58, and
undetectable samples were assigned a value of 29. For the spike protein IgG
ELISA, LLOD was 50.2 ELU ml−1, and undetectable samples were assigned a
value of 25 ELU ml−1.
Lateral flow rapid antigen assays. LFAs were performed using the Innova
SARS-CoV-2 antigen rapid quantitative test kit (BT1309) as per the manufacturer’s
recommendations with adaptations as follows. This commercially available
kit is designed to detect the presence of the SARS-CoV-2 nucleocapsid protein
through in vitro immunochromatographic assays. Viral transport medium from
daily throat and mid-turbinate swab samples at days 1–15 after inoculation were
tested. Samples (60 µl) were directly added to the sample window of the LFA test
device at room temperature. Bands in both control (C) and test (T) windows
were indicative of a SARS-CoV-2-positive status. A single control band indicated
SARS-CoV-2 negativity.
Statistical analysis. Statistical analysis was performed using GraphPad Prism
version 9.2 and R version 4.05. The study was a first-in-human experimental
medicine study, and only analyses of VL were pre-specified in the protocol; all
others were post hoc. Two-group comparisons were tested using two-sided Mann–
Whitney test for unpaired and two-sided Wilcoxon matched-pairs signed-rank
test for paired groups. Spearman’s rank-order correlation was used for correlation
analysis. Exact (Clopper–Pearson) CIs were used for proportions; 95% CI of the
median was calculated using the binomial distribution54. For all tests, a value of
P < 0.05 was considered significant. P values were two-sided and unadjusted for
multiplicity, as these investigations were exploratory. In general, missing data rarely
occurred and were not imputed, and summary statistics were reported on observed
data. Two nose qPCR VL data points (one in an infected participant and one in an
uninfected participant on morning day 3 after inoculation) were invalid; there were
no other missing data.
No formal sample size calculation was performed for this early-stage
dose-finding study. However, a sample size of up to an expected 30 participants
for a dose-level and treatment regimen was thought to be sufficient to meet
the primary objective of escalating/expanding the dose in a safe manner while
providing information on the attack rate.
The LLOQ for qPCR was 3 log10 copies per milliliter, with positive detections
less than the LLOQ assigned a value of 1.5 log10 copies per milliliter and
undetectable samples assigned a value of 0 log10 copies copies per milliliter. For
FFA, LLOQ was 1.27 FFU ml−1; viral detection less than the LLOQ was assigned
1 log10 FFU ml−1; and undetectable samples were assigned 0 log10 FFU ml−1. AUCs
for VL (Figs. 2e and 4g and Supplementary Figs. 2c and 7b) and total symptom
score (Fig. 3e,f) were calculated using the trapezoid rule on all collected data
between 24 hours after inoculation and discharge from quarantine. AUCs for VL
were calculated for both qPCR and FFA measurements, using VL on a linear scale
(rather than summing log10 VL) with the derived AUCs presented on a log10 scale.
Logistic regression models to predict LFA positivity from log10 VL
measurements (qPCR or FFA) were used. Models were fitted using general
estimating equations55 to control for repeated within-participant assessments, using
R with the geepack, ggeffects and pROC packages. Quasi-likelihood information
criterion-based model selection favored a constant (exchangeable) within-cluster
correlation structure. ROC curves were computed for each model, for the fit to all
data, for fits to a random 60% (training) sample of the data and for predictions for
the remaining 40% (validation) sample of the data.
The mean proportion of the AUC for VL, which would occur on or after the
day of the first positive LFA test, was estimated assuming regular asymptomatic
LFA testing occurring on a 1–7-day cadence. In doing so, we averaged this
proportion over all participants and all possible days of the first test relative to
the day of infection. Estimates were computed for nasal and throat measurements
separately and for both combined. For the combined analysis, VL measurements
for nose and throat were added, and the combined LFA was assumed to be positive
if either or both of the nose and throat LFAs were positive. Mean proportions and
the 95% CI around the mean were calculated.

of the data has been approved by the UK Vaccine Taskforce Human Challenge
Steering Committee to achieve the aims in the approved proposal. Additional
shareable documents include the Statistical Analysis Plan. Proposals should be
directed to c.chiu@imperial.ac.uk. To gain access, data requestors will need to
complete a data request form and sign a data access agreement.
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Extended Data Fig. 1 | Isolated viral detections in participants deemed uninfected following human SARS-CoV-2 challenge. Healthy adult volunteers
were challenged intranasally with SARS-CoV-2. Viral load in twice-daily (a) nose and (b) throat swab samples was measured by qPCR. Infection was
defined by two consecutive quantifiable viral detections by qPCR from day 1 post-inoculation onwards. Individuals who did not meet these criteria are
shown (n = 18 biologically independent subjects). (c) Change in peak self-reported symptoms of each type and (d) UPSIT score in uninfected individuals
are shown over the 28 days post-inoculation. Data are presented as mean + /- S.E.M.
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Extended Data Fig. 2 | VL by qPCR and FFA correlate strongly. Twice-daily nose and throat swabs were assayed by qPCR and FFA for SARS-CoV-2
in infected individuals (n = 18 biologically independent subjects). Trapezoidal area under the curve (AUC) was calculated and Spearman’s correlation
between qPCR and FFA was performed in nose and throat. Spearman’s r (rs) and p-values are shown.
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Extended Data Fig. 3 | Pre-emptive remdesivir treatment is associated with no statistically significant changes in VL following human SARS-CoV-2
challenge. Healthy adult volunteers were challenged intranasally with SARS-CoV-2. VL was measured twice-daily in nose and throat swab samples by
(a) qPCR and (b) FFA from remdesivir-treated (blue) and untreated (red) participants (n = 6 biologically independent subjects). Results are expressed
as means + /- S.E.M. Grey shading indicates the average 5-day remdesivir treatment period. AUC of VL by FFA (c) and days to peak VL by FFA (d) were
compared between remdesivir-treated and untreated groups using two-sided Mann-Whitney tests (ns = non-significant).
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Extended Data Fig. 4 | Human SARS-CoV-2 challenge infection treated pre-emptively with remdesivir causes a range of mild-moderate symptoms. Six
individuals developed PCR-confirmed infection following inoculation with SARS-CoV-2 and were treated with Remdesivir for 5 days after 2 consecutive
viral detections (grey shading). Nose swabs were analysed by qPCR (red lines) and viral culture (red dotted lines). Throat swabs were analysed by qPCR
(blue lines) and viral culture (blue dotted lines). Objective smell testing was achieved using the University of Pennsylvania Smell Identification Test (UPSIT,
purple lines). Symptoms were assessed using self-reported symptom diaries 3 times daily and shown as the total for each day (blue lines). Subjective
smell disturbance was assessed daily (anosmia in dark orange, partial smell reduction in light orange). Dashed horizontal lines represent the lower limit of
quantification of the qPCR assay. Grey shaded area represents the period of remdesivir treatment.

Nature Medicine | www.nature.com/naturemedicine

Nature Medicine

Articles

Extended Data Fig. 5 | Human SARS-CoV-2 challenge infection causes a range of mild-moderate symptoms without remdesivir treatment. Twelve
participants were inoculated with SARS-CoV-2 and developed PCR-confirmed infection. Nose swabs were analysed by qPCR (red lines) and viral culture
(red dotted lines). Throat swabs were analysed by qPCR (blue lines) and viral culture (blue dotted lines). Objective smell testing was achieved using the
University of Pennsylvania Smell Identification Test (UPSIT, purple lines). Symptoms were assessed using self-reported symptom diaries 3 times daily
and shown as the total for each day (blue lines). Subjective smell disturbance was assessed daily (anosmia in dark orange, partial smell reduction in light
orange). Dashed horizontal lines represent the lower limit of quantification of the qPCR assay.
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Extended Data Fig. 6 | Pre-emptive remdesivir treatment is not associated with differences in symptom severity following human SARS-CoV-2
challenge. Symptom scores were collected using self-reported symptom diaries 3 times daily. (a) Mean + /- S.E.M. symptom scores are shown as the
total scores for each day. Remdesivir-treated individuals (n = 6 biologically independent subjects) are shown in blue and untreated individuals (n = 12
biologically independent subjects) in red. (b) Smell disturbance was assessed using the University of Pennsylvania Smell Identification Test (UPSIT) in
remdesivir-treated (blue) and untreated (red) infected participants. Data are presented as mean + /- S.E.M. The frequency and peak severity of symptoms
of each type reported by infected participants (c) treated and(d) untreated with remdesivir are shown, scored as follows: none (grey), grade 1 just
noticeable (green), grade 2 clearly bothersome some of the time (yellow and grade 3 very bothersome most/all of the time (purple).
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Extended Data Fig. 7 | SARS-CoV-2 human challenge infection with remdesivir treatment causes mild-to-moderate upper, lower and systemic
symptoms only. Six healthy adult volunteers inoculated with SARS-CoV-2 intranasally developed PCR-confirmed infection and were treated with
remdesivir. Upper, lower and systemic symptoms were ascertained by self-reported symptom diary.
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Extended Data Fig. 8 | SARS-CoV-2 human challenge infection causes mild-to-moderate upper, lower and systemic symptoms only. Twelve healthy
adult volunteers inoculated with SARS-CoV-2 intranasally developed PCR-confirmed infection with no treatment administered. Upper, lower and systemic
symptoms were ascertained by self-reported symptom diary.
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Extended Data Fig. 9 | Lateral flow assay is sensitive and specific for SARS-CoV-2 detection. Nose and throat swab samples in viral transport medium
were tested by lateral flow assay (LFA) in n = 18 biologically independent subjects. (a) Receiver operating characteristic curves for LFA to predict qPCR
and FFA positivity. (b) Impact of frequency of LFA testing on the proportion of qPCR quantified virus after first LFA diagnosis from the nose (green), throat
(blue) or combined nose and throat (orange). Mean and 95% confidence intervals are shown.
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